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ABSTRACT Microtubules (MT), along with a variety of associated motor proteins, are involved in a range of cellular
functions including vesicle movement, chromosome segregation, and cell motility. MTs are assemblies of heterodimeric
proteins, ��-tubulins, the structure of which has been determined by electron crystallography of zinc-induced, pacili-
taxel-stabilized tubulin sheets. These data provide a basis for examining relationships between structural features and
protein function. Here, we study the fluctuation dynamics of the tubulin dimer with the aim of elucidating its functional
motions relevant to substrate binding, polymerization/depolymerization and MT assembly. A coarse-grained model,
harmonically constrained according to the crystal structure, is used to explore the global dynamics of the dimer. Our
results identify six regions of collective motion, comprised of structurally close but discontinuous sequence fragments,
observed only in the dimeric form, dimerization being a prerequisite for domain identification. Boundaries between
regions of collective motions appear to act as linkages, found primarily within secondary-structure elements that lack
sequence conservation, but are located at minima in the fluctuation curve, at positions of hydrophobic residues. Residue
fluctuations within these domains identify the most mobile regions as loops involved in recognition of the adjacent
regions. The least mobile regions are associated with nucleotide binding sites where lethal mutations occur. The
functional coupling of motions between and within regions identifies three global motions: torsional and wobbling
movements, en bloc, between the �- and �-tubulin monomers, and stretching longitudinally. Further analysis finds the
antitumor drug pacilitaxel (TaxotereR) to reduce flexibility in the M loop of the �-tubulin monomer; an effect that may
contribute to tightening lateral interactions between protofilaments assembled into MTs. Our analysis provides insights
into relationships between intramolecular tubulin movements of MT organization and function.

INTRODUCTION

Although numerous proteins are now structurally charac-
terized by crystallographic and nuclear magnetic reso-
nance studies, relatively little is known about their dy-
namic properties. Crystallographic studies have,
however, provided snapshots of multiple conformational
states for many enzymes; these states are typically in-
duced by associations with either small ligands or other
macromolecules. There is considerable interest in obtain-
ing relationships between dynamic properties and molec-
ular function. Recent advances in spectroscopic tech-
niques permit detailed examinations of individual atomic
motions (Weiss, 1999) and the global motions associated
with folding and unfolding (Arrington and Robertson,
2000). Large-scale molecular motions are associated
with, for example, motor proteins known to exist as large
macromolecular aggregates. Previously, a number of
computational studies based on applications of classical
mechanics and molecular simulations (Brooks et al.,
1995) were reported. Although, in principle, these com-
putational methods hold the promise of defining relation-

ships between molecular motions and biological func-
tion, there has actually been only limited success toward
this goal, especially for slow large-scale motions of large
proteins or proteins existing in multimeric assemblies. To
address this limitation, we have developed a computa-
tional approach, derived from classical mechanics, which
can be applied to large macromolecular dynamics. Here,
we will examine the global motions associated with the
complex polymers known as microtubules (MTs).

MTs are used for chromosomal segregation during cell
division, for intracellular transport, and for a diverse range
of specialized cellular functions. MTs represent an impor-
tant target for cancer therapy, inasmuch as tubulin bind-
ing agents represent a therapeutic class of compounds
with broad activity against solid and hematologic neo-
plasias (Chabner and Longo, 1996). Their mechanisms of
action are thought to occur by directly targeting MTs and
affecting polymerization, which is modulated partly by
exchangeable ligand nucleotides, specific MT-associated
proteins and chemotherapeutic agents. Based on the
atomic structure of the �/�-tubulin heterodimer, a simple
model is developed to examine the range of motions
predicted for tubulin as it appears in its monomeric and
dimeric forms. Our analysis will specifically examine
dynamic protein movements within the �/�-tubulin dimer
in the context of MT function and mechanism of action
for taxoid-based chemotherapeutics.
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TUBULIN STRUCTURE

Figure 1 a displays the ribbon diagram of the ��-tubulin
dimer obtained at a resolution of 3.7 Å by electron crystal-
lography of zinc-induced, pacilitaxel-stabilized tubulin
sheets (Nogales et al., 1998a), (PDB code 1tub). The overall
folds of the �- and �-monomers are nearly identical, com-
posed of two �-sheets of six and four strands, flanked by 12
�-helices. Structure-based sequence alignment (Nogales et
al., 1998b) shows the differences between the �- and

�-monomers to consist of two gaps in the �-monomer at
sequence positions 45–46 and 361–368 of the �-tubulin.
The larger gap, corresponding to a longer loop in �-tubulin,
is the specific pacilitaxel-binding site in �-tubulin.

Three functional domains have been assigned by Nogales
and coworkers (1998a) to each tubulin monomer. The N-
terminal, intermediate, and C-terminal domains comprise
residues 1–205, 206–381, and 382–440. These contain the
respective nucleotide, pacilitaxel, and MT-associated pro-
teins binding sites; and are colored yellow, blue, and ma-

FIGURE 1 (a) Ribbon diagrams of the �� tubulin dimmer (Nogales et al., 1998a). The protein consists of two subunits: GTP-bound �-tubulin (� end),
and GDP-bound �-tubulin (� end). The two monomers have 40% sequence identity, and their structures are similar except for a few differences in the loops.
Each monomer contains a pair of central �-sheets surrounded by �-helices. The secondary structural elements are labeled H1–H12 (helices), and B1–B10
(�-strands). Each monomer consists of three domains: nucleotide-binding domain having a typical Rossmann fold (D1, residues 1–205, yellow),
drug-binding domain (D2, residues 206–381, blue) and MT-associated protein-binding domain (D3, residues 382–440, magenta). These are also called the
N-terminal, intermediate, and C-terminal domains, respectively. The anticancer drug pacilitaxel (DCT), bound to �-tubulin, is displayed in pink; GTP and
GDP in green. Correlation map between residue fluctuations in the dimer (b) and monomers (c) calculated over all 3N-6 modes. The two axes refer to
residue indices, and the colors indicate different strengths and types of inter-residue orientational correlation functions (Eq. 9). Blue and red regions
correspond to negatively (opposite-direction) and positively (same-direction) correlated motions, respectively. The color-coded domains are also displayed
on the right-hand side of the upper map. The monomeric sequences are separated by black lines for clarity in the upper map. The white lines enclose the
three functional domains, to emphasize their strong intradomain coupling. (c) Comparison with the map for (left) �- and (right) �-tubulins in monomeric
forms shows that intradomain and interdomain couplings become substantially enhanced in the dimeric form. These increased couplings induced in the
dimeric forms may have important functional implications (see text).
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genta in Fig. 1 a, respectively. Although dividing tubulin’s
monomers into three segments, these domain definitions do not
precisely define the binding pockets for tubulin’s ligands,
because, for example, the bound nucleotide is known to inter-
act with the helix H7 of the intermediate domain, and pacili-
taxel interacts with portions of the N-terminal domain
(Nogales et al., 1998a). The N-terminal domain forms a Ross-
mann fold, which is typical of nucleotide-binding proteins.
Helices H1 and H2 (using, hereafter, the secondary-structure
labeling of Nogales et al., 1998a) are on one side of the sheet,
whereas helices H3, H4, and H5 are on the other. Strands
B1–B3 and their long connecting loop are located adjacent to
helices H1–H2, overall forming the peptide segment 1–95.
These loops can accommodate amino-acid substitutions to
form tubulin isoforms (Burns and Surridge, 1993, Luduena,
1998). The intermediate domain contains a mixed �-sheet and
five surrounding �-helices, among which H8 lies at the longi-
tudinal interface between monomers. The loop connecting B7
and H9 in �-tubulin also makes strong lateral contacts between
protofilaments in the assembled MT (shown as M-loop in Fig.
1 a). The loop connecting H11 and H12 is believed to be
important for interactions with the next monomer along the
protofilament (Nogales et al., 1998a).

MTs are polar structures with one end (�) capable of
growth by addition of a dimeric subunit, whereas the opposite
end (�) loses subunits when not stabilized by being embedded
into the centrosome (Alberts et al., 1994). The �-tubulin mono-
mer is located at the plus (�) end of the MT, the site where
polymerization and depolymerization with the next dimer oc-
curs, whereas �-tubulin forms the minus (�) end. GTP binds

to �- and �-tubulins. GTP bound to �-tubulin is both ex-
changeable and is hydrolyzed to GDP when an additional
subunit is added to the MT (Desai and Mitchison, 1997).

Sequence identity between the two monomers of �/�-
tubulin is 40%. Sequence is conserved within selected re-
gions of secondary structure, and in the loops making the
lateral and longitudinal contacts between protofilaments of
the assembled MT. Likewise, the loops involved in nucle-
otide binding are highly conserved, including, in particular,
the signature motif of tubulins, a glycine-rich loop
GGGTGSG. Tubulin shares sequence homology with the
protein FtsZ (filamentation temperature sensitive protein Z),
a major cytoskeletal protein involved in bacterial cell divi-
sion, also belonging to the GTPase family (Nogales et al.,
1998b). Based on sequence alignment with FtsZ, Nogales et
al. (1998b) proposed the segments listed in Table 1 to be
critical for function. This list includes regions making lat-
eral and longitudinal contacts between and within protofila-
ments (Nogales et al., 1999) and segments with specific
binding functions. Residue numbers in this table refer to the
numbering of �-tubulin. Our analysis will reexamine se-
quence conservation within the tubulin family and explore
relationships between conserved regions and those residues
identified here to play an instrumental role in coordinating
the collective motions of the molecule.

IDENTIFICATION OF COLLECTIVE MOTIONS

The slow, large-amplitude motions, also referred to as
global motions, are conceived to be essential for protein

TABLE 1 Functionally important segments in tubulin (Nogales et al., 1998b)*

Elements† Residues Function Flexibility‡

T1 9–11 Nucleotide binding, interaction with the phosphates (�/�: Gly-10, Gln-11) R
H1 12–23 Nucleotide binding, interaction with guanine (�: Cys-12, Gln-15, Ile-16) R
Loop H1–B2 24–63 Lateral contacts F
H2–B3 79–89 Lateral contacts F
T2 69–71 Interaction with � and � phosphates of nucleotides (�: Asp-69, Leu-70, Glu-71) R
T3 98–101 Interaction with � phosphate (�: Gly-98, Ala-99, Gly-100, Asn-101) R
H3 114–132 Longitudinal contacts F
T4 140–145 Signature (Glycine rich) loop. Backbone interactions with � and � phosphates R
H4–T5 157–161 Lateral contacts F
T5 and B5 162–181 Ribose binding loop: (�: Val-171, Ser-178, Asp-179); interaction with H11 (�/�: 384–396)

and the monomer upstream
R

T6 205–206 H-bonds with guanine base (�: Asn-206) R
H7 226–239 Hydrophobic contact of conserved residues (�: Tyr-224) with guanine R
T7 240–252 Nucleotide contacts (�/�: 239–251) R
H10 327–341 Longitudinal and lateral contacts F
M loop 272–288 Lateral contacts (with H3, C terminus of H2–B3 loop, and H1–B2 loop in the adjacent

protofilament)
F

C-terminal 381–440 MAP-binding domain F
�: Glu-254 Close proximity to the phosphates of the neighboring tubulin monomer R
�: Lys-254
�: Lys-40 Acetylation site (�-subunit) F

*See Figure 1 a.
†T, B and H refer to the loops, �-sheets, and �-helical secondary structures, respectively.
‡R and F refer to segments exhibiting the least and most highly fluctuating regions, respectively.
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function (Amadei et al., 1993; Bahar et al., 1998; Hinsen,
1998; de Groot et al., 1998). It is known that the low-
frequency modes make major contributions to thermal con-
formational fluctuations (Brooks et al., 1995; Go, 1990).
Such motions can influence the interactions of proteins with
other molecules and its environment. Higher frequency
fluctuations, in contrast, are more localized, involve only a
few residues, and can play an important role in signal
transmission, enzyme reactions, and other internal pro-
cesses. One standard technique for studying protein dynam-
ics, and, in particular, low-frequency domain motions, is
normal mode analysis (NMA) (Case, 1994; Hinsen et al.,
1999; Thomas et al., 1996). Comparisons of the low-fre-
quency normal modes with large amplitude fluctuations
observed in molecular dynamics simulations of proteins in
their native state indicate common mechanisms of confor-
mational fluctuations, consistent with the robustness of the
global motions for a given molecular architecture (Amadei
et al., 1993; Thomas et al., 1996; Hayward et al., 1997;
Kitao and Go, 1999; Doruker et al., 2000).

Recent coarse-grained studies of vibrational motions in
globular proteins have provided significant insights into the
dynamics of folded proteins (Bahar et al., 1997; ben Avra-
ham, 1993; Tirion, 1996). Ben Avraham (1993) found that
the density distribution of the slow modes follows a char-
acteristic, universal curve when expressed as a function of
frequency. The existence of such a universal curve was
attributed to underlying structural similarities between pro-
teins (ben Avraham, 1993). This behavior is also consistent
with the dominance of nonspecific, generic, inter-residue
interactions that stabilize native protein structures (Bahar
and Jernigan, 1997). In the normal mode analysis of G-
actin, Tirion (1996) adopted a single-parameter Hookean
potential for the pairwise interactions between atoms, and
was able to satisfactorily reproduce the vibrational dynam-
ics predicted when detailed atomic potentials are used.
Along the same line, Bahar et al. (1997) proposed a network
model for folded proteins in which the interactions between
residues in close proximity are replaced by linear springs.
This so-called Gaussian Network Model (GNM) assumes
that a protein in its folded state is equivalent to a fully
elastic network, along the lines of the elasticity theory of
random polymer networks (Flory, 1976). The equilibrium
fluctuations of C� atoms for several proteins as predicted by
the GNM were in close agreement with x-ray crystallo-
graphic measurements (Bahar et al., 1997; Haliloglu et al.,
1998; Demirel et al., 1998; Bahar et al., 1999; Keskin et al.,
2000). Recent applications of the GNM have shown the use
of the method in finding the dynamic features of the systems
from their folded structures. Some of these proteins or
complexes include tRNA-synthetase (Bahar and Jernigan,
1998), HIV-1 reverse transcriptase (Bahar et al., 1999),
HIV-1 protease (Bahar et al., 1998), apomyoglobin (Halilo-
glu et al., 1998), cofactor binding fragment of CysB, the
lysine/arginine/ornithine binding protein, the enzyme por-

phobilinogen deaminase, and ribose binding protein (Ke-
skin et al., 2000).

In principle, GNM is equivalent to an NMA with three
major simplifying assumptions: identical force constants for
all interacting residues, coarse graining of the protein struc-
ture, usually taken at one point per residue, and absence of
directional effects; all fluctuations being assumed to be
isotropic. GNM thus predicts the relative amplitudes of
fluctuations but cannot address the directionality of these
motions. In the present study, we extend the GNM approach
to include the anisotropic effects on fluctuation dynamics.
We will decompose molecular motions into a series of 3N-6
modes (for a protein of N residues) and focus on the lowest
frequency modes. The fluctuations near the native state will
be shown to be easily obtainable from a Hessian matrix
based on the harmonic potential energies of a bead-and-
spring model. This general analytical method can be used to
explore the intrinsic fluctuations and the collective motions
of biomolecular assemblies. We have recently applied the
method to GroEL/GroES complex with 8015 residues to
study its dynamic features (Keskin et al., 2002).

THEORY

In general, the total intramolecular potential V of a protein
of N residues may be expressed as a series expansion in the
fluctuations �Ri of individual residue positions as

V � V0 � �
i�1

N � �V

��Ri
�

0

�Ri

1

2 �
j�1

N �
i�1

N � �2V

��Ri��Rj
�

0

�Ri�Rj � · · · , (1)

where the superscript zero refers to a reference state, here
the crystal form. Inasmuch as the crystal structure represents
an equilibrium state (or an energy minimum), the first
derivative of V with respect to residue positions is zero, i.e.,
(�V/��Ri)0 � 0. Also, setting the reference state potential
V0 � 0, the total energy is approximated as

V �
1

2 �
i
�

j
� �2V

��Ri��Rj
�

0

�Ri�Rj, (2)

by neglecting the higher-order terms in Eq. 1, as appropriate
for small fluctuations. This equation can be rewritten in
terms of the Hessian matrix (H) of the second derivatives of
V as

V � 1
2

��R�TH��R�. (3)

Here �R represents the 3N-dimensional vector composed of
the N fluctuation vectors �Ri, and the superscript T desig-
nates its transpose.

A schematic representation of the model used in the
computations here and in recent studies (Atilgan et al.,
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2001; Keskin et al., 2002) is given in Fig. 2. The dots
correspond to the residues, each conveniently identified by
its C� atom coordinates in the crystal structure. Rij desig-
nates the vector pointing from the ith residue along the
sequence. Only the residues within a selected cutoff dis-
tance (Rc) in the neighborhood of a central residue are
assumed to interact. This decreases the number of interact-
ing pairs from its maximum of N(N � 1)/2 to a number
proportional to N. Knowledge-based studies find a cutoff
distance of 6.5 Å for interacting pairs within a first-inter-
action shell (ben Avraham, 1993; Miyazawa and Jernigan,
1985). Here we adopted a relatively longer cutoff distance,
Rc � 10 Å, to include a somewhat broader range of inter-
actions given by

V �
1

2
� �

i
�

j
��Ri � �Rj�

� ��Ri � �Rj� � �Rc � Rij�, (4)

where � designates the dot product, and (Rc � Rij) is the
Heaviside step function. (Rc � Rij) assumes the value 1 if its
argument is positive (i.e., Rij � Rc) and 0, otherwise. Eq. 4
selects nonbonded residue neighbors in the first coordina-
tion shell around a central residue and the first and second
bonded neighbors along the backbone, to account for chain
connectivity (Bahar et al., 1998). The nonbonded interac-
tions are defined by the folded state, whereas bonded inter-
actions play a dominant role in defining the overall molec-
ular machinery and topology. The potential V thus accounts
for interactions between all close residue pairs.

The 3N 	 3N Hessian matrix can be readily calculated
from the above potential. It is conceptually easier to con-
ceive of it as an N 	 N matrix of 3 	 3 superelements
defined as Hij � �2V/��Ri��Rj. Using the classical statis-
tical mechanical theory of networks (Flory, 1976), it can be
shown that the mean-square fluctuations of junctions scale
with the inverse of H as


��Ri�
2� � kT trace�H�1�ii. (5)

Here [H�1]ii is the ith diagonal superelement (3 	 3 matrix)
of the inverse H�1, and “trace” designates the sum of the
diagonal elements of this 3 	 3 matrix. Eq. 5 will be used
in the present study for calculating the mean-square fluctu-
ations of individual residues; whereas the fluctuations in the
global motions will be extracted by a mode analysis. It
should be noted that the determinant of H is zero. Therefore,
H cannot be inverted directly. H�1 is an approximation
calculated from the 3N-6 nonzero eigenvalues, 	m, and the
corresponding eigenvectors, um, of H. A major limitation
with full atomic NMA is the large computational time, here
we use a coarse-grained approximation and reduce the di-
mensions of H to 3N 	 3N where N is the number of
residues, whereas, in full atomic calculations, the Hessian
matrix has a dimension of 3n 	 3n where n is the number
of atoms in the system. Extremely large proteins can there-
fore be examined with this approximation. The computa-
tional time for the calculation of 3N (3 	 867 � 2601)
normal modes for tubulin with the present model requires
around 2 h on a SGI R10000. It would require almost 2
weeks to compute the full atomic normal modes on a Cray
SVI-4/96–96 Supercomputer.

Information about global dynamics is obtained by decom-
posing the motions into a series of modes, and concentrating
on the modes at the slowest (largest amplitude) end of the
spectrum. To elucidate the mechanism of these modes, H is
rewritten as the product of three matrices, the diagonal
matrix of nonzero eigenvalues 	m (1 � m � 3N-6), the
matrix U of the corresponding eigenvectors um, and the
transpose of U, i.e.,

H � U�U�1 � �u1u2u3 . . . u3N�6�


 diag�	1	2	3 . . . 	3N�6��u1u2u3 . . . u3N�6�
T. (6)

We note that U is an orthonormal matrix, i.e., UT � U�1,
and the inverse of H can be readily written as H�1 �
U��1U�1. The latter can alternatively be written as a sum
of 3N-6 matrices of size 3N 	 3N, each representing the
contribution of a single internal mode,

H�1 � �
m

�	m
�1umum

T �. (7)

This equation provides a simple means of decomposing the
dynamics into a series of modes. For example, the mean

FIGURE 2 Schematic representation of the coarse-grained network
model used in this study. The protein is represented by a virtual backbone
(solid lines), each interaction site corresponding to an �-carbon. Residue
pairs are subject to a harmonic force provided that they are within a cutoff
distance range of 10 Å around the residue i. Dotted lines designate the
residues interacting with that residue.
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square fluctuation of residue i driven by the mth mode of
motion is calculated using

���Ri�
2�m � 3kT Tr�	m

�1umum
T �ii. (8)

The orientational cross-correlations (Fig. 1, b and c) be-
tween the fluctuations of C� are found by normalizing the
cross-correlations according to

C�i, j� �

�Ri � �Rj�



�Ri � �Ri�
�Rj � �Rj��
1/2 , (9)

where 
�RI � �Rj� is calculated from 
�Ri � �Rj� � kT
trace[H�1]ij, by suitable choice of indices in Eq. 5. The
positive and negative limits of C(i, j) are 1 and �1, and
correspond to pairs of residues exhibiting fully correlated
(same direction, same sense) and fully anticorrelated (same
direction, opposite sense) motions, respectively. Zero cor-
relation refers to uncorrelated, or orthogonal motions.

The most dominant mode motions and shapes are very
robust regardless of the resolution of the crystallographic
protein structures. These modes give information on the
global dynamics of proteins that are the most cooperative
motions and consequently reflect mostly the overall shape.
Explorations of the sensitivity of our results with respect to
coordinate positions revealed that coarser-grained models
based one site per 2, 5, and 10 residues still conserve the
global mode motions and shapes found with models based
on one point per � carbon. Further studies based on uni-
formly distributed perturbations to residue coordinates, in
the range of 0.5 to 3 Å per position, find that the most
dominant three modes remain significantly correlated (r �
0.83, p � 0.01) with calculations based on the reported
coordinate positions themselves. Additional attempts to de-
fine each residue’s local neighborhood, based on establish-
ing the network of connectivities between residues from
contacting Hessian matrix calculated from inter-residue bur-
ied surfaces area yielded no significant differences from the
present results. Taken together, these results suggest the
robustness of our method irrespective of the precise details
of residue position.

In summary, ANM identifies the mechanisms of motions
of a protein structure in its native state. Motions provided by
these calculations are deterministic (unique) as explained in
the preceding paragraphs, in contrast to ensembles of mo-
tions obtained from molecular dynamics. The information
of the global motions of tubulin here is found with a
coarse-grained model at the expense of specificity loss at
the atomic level.

RESULTS AND DISCUSSION

Analysis of domain motions

Correlations between residue fluctuations describe those
parts of the structure that move collectively, as a unified

group, and how these regions move with respect to one
another. The correlations obtained over all modes of motion
in the present study are illustrated in Fig. 1 b, for the tubulin
dimer, where the axes represent the sequences for �- and
�-tubulin. Blue and red colors in this map indicate nega-
tively and positively correlated regions, respectively,
whereas yellow refers to regions with uncorrelated fluctua-
tions. For convenience, a vertical bar has been placed along
the right-hand side of the map to indicate regions D1–D3 of
each monomer, color-coded according to the regions shown
in the ribbon diagram in Fig. 1 a.

Three highly correlated regions are observed for each of
the tubulins in the dimeric form. These regions are enclosed
in white outlines on the map for visual clarity. The parti-
tioning of the structure into three such regions on the basis
of its fluctuation dynamics is reasonably consistent with the
equilibrium structure found by Nogales et al. (1998a). Ad-
ditionally, the relative motions between domains finds that
the N-terminal, intermediate, and C-terminal domains of the
�-subunit are negatively correlated (or anticorrelated) with
their counterparts in the �-subunit. This means that each
tubulin monomer shows symmetrical, opposite direction,
movements with respect to the dimer interface. Meanwhile
within each separated monomer, the N- and C-termini ex-
hibit some tendency to move in the same direction (except
for the peptide segment 10–80) whereas the intermediate
domain of the molecule undergoes mostly opposite direc-
tion motions.

The concerted motions observed for the dimer are sub-
stantially absent when analyses are performed separately on
each monomer. Inspection of the correlation maps based on
fluctuation calculations for individual monomers, as shown
in Fig. 1 c, does not reveal the distinctive blocks indicative
of correlated motions of the three regions found in the
dimer. Consistent with the observation that the �- and
�-tubulin monomers are structurally similar, their correla-
tion maps are nearly identical. The noteworthy exception
being peptide segment 45–55 in �-tubulin, having more
concerted movements than the corresponding residues in
�-tubulin. Therefore, strong intradomain and interdomain
couplings are observed in the dimer, whereas, in the mono-
mers, residues are rather correlated only with their near
neighbors along the backbone chain. Local connectivity
appears as the main force controlling these motions in the
monomeric form, whereas in the dimer, long-range (non-
bonded) effects become important. This result strongly sug-
gests that dimerization enhances the coherent movement of
functional domains in tubulin.

Inspection of the correlation map in Fig. 1 b clearly
suggests that similar patterns of motion are observed be-
tween distantly separated residues along the protein se-
quence. These collective motions between sequence-sepa-
rated residues are the basis for the patchwork appearance of
the correlation map in Fig. 1 b. In an effort to group together
residues with the most similar correlated patterns, average
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linkage hierarchical cluster analysis has been performed on
the calculated correlations. Using the MATLAB Statistics
tools to calculate the Minkowski distances among all rows
of the correlation matrix, a Ward’s-based cluster tree was
determined. The results of this cluster analysis, as shown in
Fig. 3, identify six regions of motion within the tubulin
dimer. The selection of six regions was based on repeated
hierarchical clustering of randomly perturbed tubulin coor-
dinates and selection of the number of clusters necessary for
at least 90% overlap between cluster memberships. In other
words, the clustering was repeated with slightly perturbed
coordinates to determine the most robust set of cluster
boundaries. In this analysis, fewer clusters lead to improved
membership overlap, whereas more clusters substantially
degrade the fraction of residues common to each cluster.
Residues defining cluster boundaries are not affected by the
number of clusters; except insofar as residues at the bound-
aries between regions disappear when smaller regions are
combined into a larger region, for fewer clusters, or new
boundary residues appear if more clusters are selected. The
ribbon diagram in Fig. 3 a, identifies these six regions, by
color, while preserving the tubulin view displayed in Fig.
1 a. Figure 3 b displays the correlation map shown in Fig.
1 b, but reordered to reflect the cluster memberships for the
six regions. These regional descriptions divide the tubulin
dimer and the companion correlation map into distinct parts
according to their collective motions. The bar at the right of
the correlation map is colored according to the regions
identified in the ribbon structure. The two smallest regions,
S1 (red) and S2 (yellow) consist of parts at the tail (�) and
head (�) of the tubulin dimer, respectively, and appear at
the lower left corner of the reorganized correlation map.
These two regions exhibit strong positively correlated mo-
tions within and between each other. The largest region, S6
(dark blue), consists of residues involved in the dimer
interface, and appears at the upper right of the correlation
map. Like regions S1 and S2, this region exhibits positively
correlated motions within itself, indicative of collective
motion at the dimer interface, while also sharing positively
correlated motions with portions of its neighboring regions,
S5 (light blue) and S4 (dark green). S6 is strongly nega-
tively correlated with regions S1, S2, and S3 to suggest an
overall motion for the tubulin dimer in which the central
region at the dimer interface moves opposite to the motions
observed at the head and tail of the dimer. The regions
separating the head and tail from the interfacial part exhibit
a complex range of motions that are both positively and
negatively correlated within themselves and with the other
regions. These regions appear to act as a buffer region
between the correlated motions of regions S1, S2, and S3
with region S6. Comparison of these six regions with the
three functional domains identified in Fig. 1 a indicates
considerable overlap, however portions of D1–D3 now ap-
pear in more than one of the six regions, S1–S6.

Relationship between domains and
secondary structure

The identification of the six regions of motion according to
tubulin’s sequence and its associated secondary structure is
shown in Fig. 4. In contrast to the contiguous domain
definitions of Nogales et al. (1998a), the six regions iden-
tified here, some of which appear as nearby structural neigh-

FIGURE 3 (a) Ribbon diagram illustrating the similar correlated mo-
tions within the dimer. Pacilitaxel and the nucleotides are colored in gray
and magenta, respectively. Six regions of motion are colored differently.
Each monomer exhibits similar types of motions (dark blue) at the dimer
interface. The six regions were obtained by hierarchical clustering of the
residue correlation map shown in Fig. 1 b. (b) The reordered correlation
map. The regional boundaries are separated by black lines. The bar on the
right-hand side of the map identifies the coloring of the dimer ribbon
shown in (a) and shows region-specific labels S1–S6.
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bors in Fig. 3 a, comprise both near and distant sequence
neighbors. The location of secondary-structure elements
along the sequence finds a very close correspondence be-
tween region boundaries, as indicated by the locations of the
changes in color along the sequence, and secondary struc-
ture. Of the 22 secondary-structure elements identified in
�-tubulin, all but two of them, B6 and H9, have regional
boundaries within or at the termini of their secondary struc-
tures, whereas, except for the N-terminal region of �-tubu-
lin, all but three of its secondary structures, H8, H9, and B9
are associated with regional boundaries. Further inspection
of Fig. 4 reveals a close relationship between secondary
structure and regions of minimal residue fluctuation. The
symbols (�) and (�) below the tubulin sequence in Fig. 4,
represent the least and most fluctuating residues in tubulin,
based on the analysis presented later in the text. The note-
worthy observation, here, is that all secondary structures,
with the exception of H10 in �- and �-tubulin, are associ-
ated with fluctuation minima. Conversely, both H10 and
B3, and most of the solvent-exposed loops in each monomer
correspond to regions of highest fluctuations.

To explore apparent relationships between the tubulin
sequence and either its secondary-structure elements or our
regional boundaries, sequence analysis was performed on
the tubulin family. By using both the �- and �-sequences as
reference probes, a FASTA query of the nonredundant
database of protein sequences (Genetic Computer Group
(GCG), Wisconsin Package, version 9) identified 1055 dif-
ferent sequences. Extracting only those nonidentical se-
quences with lengths within �50 residues and having se-
quence identity greater than 30% with �-tubulin, 511
tubulin sequences were identified. Multiple alignments of
these sequences were conducted using the PILEUP utility in
the GCG package. The sequence similarity of these align-
ments was completed using the PLOTSIMILARITY utility
in GCG, based on the BLOSSUM62 scoring matrix. The
most highly conserved sequence positions are identified in
magenta colored capital letters along the sequences shown
in Fig. 4, A and B. Consistent with the previous analysis of
Erickson (1998) the most conserved regions involve the
nucleotide binding sites (Nogales et al., 1998b), identified
as boxed resides in Fig. 4, and the signature recognition
loop, GGGTGSG; all of which are associated with regions
corresponding to fluctuation minima. A catalog of the cor-
respondence between regional boundaries and conserved
sequence positions shows that only the regional boundaries

near H9, H10, and B10 of both �- and �-tubulin lack nearby
regions of sequence conservation. The majority of con-
served regions are found at positions of nucleotide binding;
most of which appear at fluctuation minima.

Despite the absence of an apparent relationship between
sequence conservation and secondary structure, it may be
reasonable to speculate that the overall folded geometry of
secondary-structure elements might be conserved within the
tubulin family, and this may be essential for tubulin func-
tion. Our finding is that regional boundaries occur within
secondary structures, which themselves are at minimally
fluctuating positions, to suggest a coupling between super-
secondary structure and tubulin’s global motions. Addi-
tional inspection of amino acid types around our regional
boundaries finds a high incidence of hydrophobic residues.
The coexistence of conserved super-secondary architecture,
which lacks sequence conservation, aside from the tendency
to position hydrophobic residues at regional boundaries, is
consistent with the concept that secondary structures may
actively choreograph global motions. In this view, the sec-
ondary structures may act as anchor positions, surrounded
by more highly fluctuating amino acid segments.

Functional implications of regional movements

Although the structure of each monomer is quite similar, the
six regions of motion shown in Figs. 3 and 4 appear at
different locations in each monomer. In general, the motions
of the interface for both �- and �-tubulin are very similar,
largely consisting of S6 and S5, the exception being the loop
region S4 (proceeding H1 in �-tubulin), which extends
outward from the dimer interface. This inverse ordering for
domains of motion between monomers is consistent with
the notion of polarity, or the head-to-tail arrangement of
dimers in the growing protofilament. The observation of the
positively correlated motions of loop regions S1 and S2
could play a role in polymerization.

An additional aspect of these regional assignments is
supportive evidence for their correlated motions. One ex-
ample occurs at the dimer interface, where interfacial resi-
dues of both monomers are expected to exhibit similar
motions. Clearly our assignment of interfacial residues to
region S6 supports this claim; a result in distinct contrast
with the domains assignments of Nogales et al. (1998a),
where all three domains participate in the dimer interface.

FIGURE 4 Secondary structure of tubulin’s sequence colored according to its six regions of motion. (A) and (B) display the sequences of �- and
�-tubulin, respectively. The symbols (�) and (�) below the residue names represent the most constrained and flexible regions of the sequence, respectively,
according to the mean square fluctuation curves displayed in Fig. 6, a and b. The residues corresponding to the mutationally important yeast-tubulin residues
(Reijo et al., 1994; Richards et al., 2000) are colored orange. Highly conserved residues within a family of 511 tubulin sequences are represented in magenta
upper case letters. The nucleotide-binding residues (Nogales et al., 1998b) are boxed. The regional colors are the same as in Fig. 3. The solvent-exposed
residues are identified with a line above the residue names. A sequential numbering scheme is used for �-tubulin. Note that the crystal structure (Nogales
et al., 1998a) has gaps at sequence positions 45–46 and 361–368.
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FIGURE 4. Continued.
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Further support involves the main binding sites of colchi-
cine within the �-subunit. Colchicine is believed to bind at
residues Cys-356 and Cys-241 (Linse and Mandelkow,
1998) and the region around residues 216–243 (Uppluri et
al., 1993). All of these regions are found in the S6 region
and would be expected to exhibit similarly correlated mo-
tions.

GTP interacts with all of our six regions of motion (see
boxed residues in Fig. 4) to produce a highly dynamic
binding pocket. The Cys-12 residue in �-tubulin (�:Cys-12)
can be experimentally cross-linked to GTP (Bai et al.,
1999). Bai et al. demonstrated with direct photoaffinity
labeling experiments that the peptide �:206–224 (�:Cys-
211) might be a second site involved in cross-linking of
nucleotide. As indicated in Fig. 4 B, H1 (residues 11–24) of
�-tubulin appears in region S4. In contrast, peptides 206–
211 and 212–220 appear in regions S5 and S6, respectively.
Figure 5 shows the calculated fluctuations near the nucle-
otide-binding site for the slowest mode of motion. In this
motion, the nucleotide binding loop remains flexible within
the �-subunit. Although this loop motion is relatively local
and small in comparison to the opposite rotations of each
subunit, it does not occur independently of the remainder of
the structure and reflects the details of the entire highly
cooperative structure. Its precise motions are consistent
with their role in ligand capture. In Fig. 4 B, the putative
range of motions for peptide segments 206–224 and 10–14
are displayed in magenta and yellow, respectively. We note,
in particular, that the positions of residues �:Tyr-224 and
Asn-206, known to make contacts with guanine (Table 1),
move in the opposite direction with respect to Cys-12 to

open and close the backbone around the nucleotide. Al-
though little is known about flexibilities associated with the
binding pocket for nonexchangeable (N-site) GTP bound to
�-tubulin, our results find flexibilities comparable to the
E-site GDP binding pocket. Evidence supporting this flex-
ibility is found in the experiments of Bai et al. (1998). Using
ultraviolet irradiation, they found that N-site GTP rapidly
binds to �:Cys-295. Given the large distance between
�:Cys-295 and N-site GTP, these authors postulate that a
large conformational change would be needed for photore-
action between these sites. Our results place the N-site in the
interfacial domain of motion, S6, and the �:Cys-295 site in
region S3. Inspection of the relative motions between these
two regions, in Fig. 3, finds them to be negatively corre-
lated. Although we cannot predict the absolute magnitude of
these motions, our finding that these regions in �-tubulin
have a tendency to move toward each other is consistent
with shortening their separation distance, and, possibly,
facilitating photoreaction.

The role of residue flexibility in tubulin
recognition and microtubule assembly

The mean square fluctuations of residues, which were used
to establish the correlations displayed in Figs. 1 and 3, also
identify the relative displacements of residues within re-
gions of the tubulin dimer. In Fig. 6, we display the distri-
bution of mean square fluctuations of C� atoms, 
�RI

2�, as a
function of residue index i for the �- and �-monomers of the
tubulin dimer in parts (a) and (b), respectively. The same
figure also shows ribbon diagrams of the dimeric structure
from two different views, color-coded according to the
relative sizes of residue movements. The segments subject
to the largest and smallest amplitude fluctuations are col-
ored red and blue, respectively, with the intermediate fluc-
tuations colored spectrally within this color range. Previ-
ously, we had shown a strong correspondence between our
calculated fluctuations and crystallographic temperature
factors (Bahar et al., 1997, 1998, 1999; Keskin et al., 2000).
Although temperature factors were not provided with the
electron crystallographic data of tubulin, our calculations
can be used to predict the flexibilities of peptides in the
tubulin dimer. In general, regions having the highest mo-
bilities are located in solvent-accessible loops, many of
which are identified to be involved in contacts with adjacent
dimers in the protofilament or with accessory proteins.
Among the regions of highest flexibility are residues �:43–
53, �:37–41, and �:51–53, belonging to the loop connect-
ing secondary structural elements H1 and B2 and known to
be involved in lateral contacts between adjacent protofila-
ments (Table 1). Likewise, the M loop residues 280–285 are
distinguished by their extremely high flexibility, also con-
sistent with their known role in recognizing lateral neigh-
bors (Nogales et al., 1999). Several additional maxima
include the loop residues 410–413, 221–225, 336–340,

FIGURE 5 Ribbon diagram illustrating the anticorrelated motions be-
tween two putative cross-linking sites �:Cys-12 and the peptide segment
206–224, including the two residues, �:Tyr-224 and �:Asn-206, making
contacts with guanine (Table 1). The two fluctuating conformations (ma-
genta and yellow) are displayed to indicate the details of the motions near
the nucleotide-binding site. The opposite-direction motions of the two
segments, shown by arrows, may provide a functional flexibility for ligand
binding.
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common in �- and �-monomers, and thought to be engaged
in recognition of the neighboring dimeric subunit along the
longitudinal direction of the protofilament (Nogales et al.,
1999). Finally, �:80–83 belongs to the H2–B3 loop in-
volved in lateral contacts between adjacent protofilaments,
and two local peaks around �/�:159–162 are near the ribose
binding peptide 162–181 (Table 1).

Noteworthy differences in the fluctuations observed be-
tween �- and �-tubulin relate to their dimerization interface.
For example, the large fluctuations observed around resi-
dues 172–181 of �-tubulin are not observed in �-tubulin.
This region in �-tubulin makes structural contacts with
�-tubulin, presumably to rigidify the dimer interface. Con-
sistent with this premise, the corresponding loop in �-tubu-

FIGURE 6 Residue flexibilities calculated for (a) �-tubulin, (b) �-tubulin monomers in the dimer, and (c and d) the ribbon diagram of the dimer colored
on the basis of the relative amplitudes of fluctuations of individual residues shown in two different views. A blue-to-red color spectrum is used to represent
different levels of flexibilities, where the smallest motions are in is blue and the highest in red, as shown in the color bar on the right of the figures. (c)
The dimer in the same orientation as in Fig. 1 a. (d) Top view of the dimer. A longitudinal internal axis is observed to be the least flexible part of the dimer.
The most mobile regions (peaks in a and b) are colored red and marked on the ribbon diagrams in c and d. Maximal flexibility (red) is observed almost
exclusively in the loop regions involved in lateral and longitudinal contacts for protofilament and microtubule assembly.
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lin looses flexibility upon polymerization. Our calculations
on the individual monomeric forms of �- and �-tubulins
further support this suggestion. Residues of �:172–179,
217–224, 389–413, �:241–262, 320–331, and 340–351 are
also highly flexible. Each of these regions involves interfa-
cial residues (Nogales et al., 1999), and its calculated flex-
ibilities are significantly suppressed upon dimerization.
These results are consistent with the notion that the intrinsic,
predimerization flexibility may contribute to efficient mu-
tual recognition of the � and � monomers. Finally, we note
that Lys-40 in �-tubulin is frequently acetylated, and is one
of the loops that protrude into the inside of the MT (Down-
ing and Nogales 1998a,b). This residue is observed to enjoy
a high flexibility in the present analysis, which could be a
requirement for its efficient reactivity. A summary of the
fluctuations corresponding to these functionally important
sites is given in the last column of Table 1.

Many regions of minimal fluctuations are closely identi-
fied with the sequence-conserved nucleotide binding sites in
�- and �-tubulin. The nucleotide binding sites are high-
lighted by boxes in Fig. 4, and involve residues in the loops
between B1–H1, B2–H2, B3–H3 and the glycine-rich
B4–H4 loop. Additional regions outside the GTP binding
pocket are also found to have low mobilities. Mutational
studies of tubulin function suggest the importance of resi-
dues at these locations. The alanine scanning mutagenesis

data obtained for yeast �-tubulin (Reijo et al., 1994) iden-
tifies three dominant-lethal mutation sites at 327–329; 401,
404, 407; and 431–432, and eleven recessive-lethal muta-
tions, all displayed in orange letters in Fig. 4 B. The lethal
mutations in yeast �-tubulin (Richards et al., 2000) are also
colored orange in Fig 4 A. As noted earlier, the symbols (�)
and (�) below the tubulin sequence in Fig. 4 represent the
least and most flexible regions, respectively, according to
the mean square fluctuations shown in Fig. 6, A and B.
Examination of these lethal mutation sites indicate a close
correspondence with the fluctuation minima. In fact, nearly
all lethal mutations occur at fewer than three residue posi-
tions away from the minima in the global fluctuation curve.
In summary, Table 2 lists the mutation sites in the first
column, and qualitative measures of flexibility based on our
calculations (F, flexible; R, rigid) in the second column. In
the third column a � indicates residues near the putative
domain linkage sites identified in Fig. 4. Most of the mu-
tational sites correspond to minima and are also close to our
putative linkage sites between domains of motion. When the
global, large-scale modes of motions are dissected into their
slowest modes, there is a remarkable agreement with re-
gions proposed by Nogales et al. (1998b) to be critically
important (Table 1) for tubulin function. Nearly all minima
in the slowest mode of motion curve coincide with the
peptide segments listed in Table 1 to be important for drug

TABLE 2 Lethal mutation sites and conserved residues from mutation studies*

Lethal mutations in �/�-tubulins Flexibility Conservation
Region

Boundary Reference

E22A, E27A, D31A R � � (Reijo et al., 1994)
G71W, D74A, R77A R � � (�-tubulin)
I152F, R156K, E157A, E158A R � �
K154A, R156A R � �
E157A, E158A R � �
D249A, R251A, K252A R � �
E327A, D328A, E329A† R � �
K332A-K336A F � �
D339A, E343A R � �
E401A, D404A, E407A† F � �
E405A, E407† F � �
E410A, E412A† F � �
D417A, E421A F � �
E431A, D432A†‡

E27A, H28A R � � (Richards et al., 2000)
K61A, R65A R � � (�-tubulin)
E156A, E157A† R � �
E197A, H198A, D200A R � �
D252A, E255A R � �
D393A, R394A, K395A, D397A R � �

*The top and bottom groups give the mutations in alanine-scanning mutagenesis (Reijo et al., 1994; Richards et al., 2000). Each set represents one mutation
experiment. The second column indicates whether the mutational data set corresponds to a minimum (R) or a maximum (F) in Fig. 6, a and b. The third
column provides information about the conservation of these sites among 550 tubulin sequences. In the fourth column, (�) sign represents that the residues
are further than three residues from regional boundaries, (�) otherwise are close to the regional boundaries according to Fig. 4.
†The dominant lethal mutations.
‡The positions of these residues are not provided in the PDB.
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or nucleotide binding. The remaining few segments listed in
Table 1 belong to another category; those providing inter-
molecular lateral contacts for MT assembly, as discussed in
the preceding section. These key residue positions appar-
ently function to maintain binding sites within tubulin’s
structure necessary for ligand interaction.

Taken together, these results are consistent with prior
GNM analyses (Bahar et al., 1998; Demirel et al., 1998;
Bahar et al., 1999; Keskin et al., 2000; Bahar and Jernigan,
1998), which proposed that minima in the global-mode
shapes generally coincide with biologically active sites,
such as catalytic sites in enzymes or, in the case of tubulin,
nucleotide binding sites. Maxima, in contrast, correspond to
segments distinguished by their enhanced mobilities, often
implicated in substrate recognition. Evidently, residues that
are detected as minima in the three slowest modes of motion
and as lethal-mutation sites in experiments or as the con-
served residues from the sequence analysis can be viewed as
critical sites for the biological function of tubulins, and
thereby MTs.

Relationship between dominant modes
of motion and MT assembly

Low-frequency modes dominate the overall global dynam-
ics. We have examined the cumulative contribution of the
lowest frequency modes in the observed dynamics. The first
five modes account for �40% of the overall dynamics, and
the first 30 modes correspond to �70%. These values are
obtained by the ratio of individual eigenvalues to the sum of
the eigenvalues.

In addition to providing suggestions about the role of
selected residues in tubulin function, our results can also be
used to suggest ideas about the dominant mechanism of
motions that could be implicated in MT assembly. The
dominant mode of motion is found to be the rigid body
rotation of each monomer in opposite directions, as illus-
trated in Fig. 7 a, where the blue and pink colors represent
the �- and �-tubulin chains, respectively. Schematic images
have been added to the right of this figure for clarity. The
rotation axis of the slowest mode coincides with the longi-
tudinal axis of the tubulin dimer. In this motion, the inner-
most regions closest to the longitudinal axis are the most
rigid parts of the molecule, acting as the rotation axis, and
the extent of displacements increases with radial distance
from this central axis. This mode may contribute to the
formation and optimization of lateral contacts between tu-
bulin dimmers as they appear in protofilaments of MTs.

The next dominant mode is illustrated in Fig 7 b. In this
case, the monomers are observed to have opposite sense
rigid body rotations about the central out-of-plane (or ra-
dial) axes. This motion involves a counterclockwise rotation
of the �-monomer about an axis perpendicular to the plane
of the paper, accompanied by a clockwise rotation of the
�-monomer, and vice versa on the right side. These two

rotations describe a wobbling or rolling of the two mono-
mers over each other, giving rise to a slight shift in the
positions of interfacial contacting residues. This mode ap-
pears to be facilitated by the relatively less compact packing
of interfacial residues.

The next dominant mode (not shown) is similar to the
second mode, except for a 90° rotation about the cylindrical
axis, making it the third of the orthogonal (approximately)
rotation axis. The second and third modes are, in a sense,
equivalent, or complement each other, as would be expected
from the approximate cylindrical shape of the dimeric struc-
ture. A weighted average of the fluctuations induced in the
second and third modes indicates that these modes may be

FIGURE 7 Mechanisms of the dominant modes of motion. Two extrema
of the fluctuating conformations are shown by the ribbon diagrams (left)
and schematic diagrams (right), for the slowest modes (a–c). Mode 1 is an
opposite-sense rigid-body rotation of the monomers about the longitudinal
axes. (a) displays the top views of the �- and �-monomers, rotated by the
action of mode 1. (b) The next two slowest modes induce again rigid-body
rotations of the individual monomers, but this time around out-of-plane
axes centered in each monomer, thus giving rise to an overall wobbling of
the two monomers. This is succeeded by a similar perpendicular wobbling
mode, indicating an approximate cylindrical symmetry to the wobbling
when these two modes are considered. (c) An overall extension/contraction
of the dimer along with elongation and shortening.
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involved in longitudinal interactions (Nogales et al., 1999)
related possibly to polymerization. It is noteworthy that the
exposed loops and the C-terminal segments have the largest
displacements in the second mode.

Experimental electron micrographs show that, upon rapid
disassembly of MTs, the protofilaments peel off and curl. In
addition, tubulin-GDP can polymerize into closed rings of
�14–16 dimers. Thus, the tubulin-GDP state is postulated
to exist in a curved conformation, in contrast to the straight
conformation for the tubulin-GTP state. A conformational
change of this type occurring at the dimer interface may
produce a kink between dimmers (Downing and Nogales
1998a,b,c), which may be facilitated by the contributions of
these second and third modes.

A further dominant mode (Fig. 7 c) reveals an overall
stretching/contraction of the molecule along its longitudinal
axis. This motion is coupled with the inward and outward
movement of the M-loop about the same axis and with the
elongation and shortening of the dimer. These coupled
motions can be viewed as an overall compression/expan-
sion, which may aid the formation of lateral contacts be-
tween the protofilaments of the MT. Additional slow modes
will not be discussed here, other than to note that they are
likewise indicative of similar breathing motions. Most of
the residues identified to make lateral contacts (Nogales et
al., 1999) emerge as maxima in the weighted-average fluc-
tuation curve of these modes (not shown).

Effect of pacilitaxel binding on tubulin flexibility

The taxoids paclitaxel and docetaxel are increasingly used
in the treatment of human cancers (Rao et al., 1992). The
mechanism of action of these drugs is to bind �-tubulin and
affect the stabilization of abnormal arrays of MTs in cells
leading to an interference of normal tubulin function, in-
cluding formation of an effective mitotic spindle. The de-
tailed mechanism of taxoid stabilization remains controver-
sial: binding to tubulin could either strengthen the weak
lateral interactions between tubulin subunits (Andreu et al.,
1992; Howard and Timasheff, 1988), or improve the longi-
tudinal bonds of MTs as proposed by Dye et al. (1992). One
of the most significant differences between the �- and
�-monomers of tubulin is the deletion of eight-loop residues
in the �-monomer. The electron crystallographic structure
shows that pacilitaxel occupies the deleted site in the
�-monomer, near the sequences �:1–31 and 217–231. The
main interaction of the taxane ring with tubulin is at Leu-
275, at the beginning of the B7–H9 loop. The mutation of
Phe-272 to Val causes partial pacilitaxel resistance in a cell
culture line (Giannakakou et al., 1997). Phe-272 sits on the
�-strand at the back of the taxoid binding site, and its side
chain interacts with the drug.

The presently examined electron crystallographic struc-
ture includes a molecule of pacilitaxel, whose structure has
been solved by x-ray crystallography (Gueritte-Voegelein et

al., 1991), bound to the �-monomer. For an assessment of
the effect of drug binding on the fluctuation dynamics of the
dimer, we constructed a taxoid-free model. This was done
by energy minimization of the crystallographic structure in
the absence of drug, using the CHARMM energy minimi-
zation algorithm with parameter set 22 (Brooks et al., 1983).
The same procedure was also repeated starting from the
original, pacilitaxel-bound structure. We observed small
local structural changes for the side chains near the substrate
upon energy minimization, but no significant changes could
be observed on a global scale.

Figure 8 shows the difference in the calculated residue
fluctuations for all modes of motion between the holo and
apo models. A dramatic decrease is observed in the flexi-
bility of the peptide loops �:272–285 and �:214–224, and
lesser reductions in loop �:35–44, and segment �:351–378
for the holo form, all of which are in close proximity to
bound pacilitaxel. These regions are shown as blue in Fig. 8.
The segment �:272–285 includes the M loop, which ap-
pears to be important for lateral contacts between protofila-
ments, and thereby its apparent decreased flexibility in the
presence of pacilitaxel could contribute to drug-enhanced
stabilization of MTs.

In addition to these effects in the immediate neighbor-
hood of the substrate-binding site, we observe some long-
range (nonlocal) effects induced by pacilitaxel binding,
although these are relatively small motions. For example,
there is an enhancement in the flexibility of the �-tubulin
loops �:32–62 and �:276–286 (i.e., the M loop of �-tubu-
lin) and of the C-terminus of the �-monomer, �:434–440,
upon pacilitaxel binding. There is also an increase in the
mobility of the C-terminal domain of the �-monomer. The
ribbon diagram in the right panel shows these regions with
enhanced fluctuations in red. In general, the �-monomer, or
the minus end of the dimer becomes more mobile, whereas
the �-monomer, or the plus end of the dimer, becomes less
mobile at its intersubunit interface. The binding of pacili-
taxel to �-tubulin appears to induce opposite sense mobil-
ities between the plus and minus ends of the dimer. The
induced mobility of these regions may reflect the increase in
internal energy indirectly induced by reducing the entropy
of the molecular at the taxol binding site.

The observed reduced flexibility of the M loop in �-tu-
bulin is consistent with the suggestions of Downing and
Nogales (1998a) and Amos and Lowe (1999) regarding the
role of this loop in the stabilization of lateral contacts. This
reduced flexibility appears to be directly related to the
increased packing density in its close neighborhood, as a
result of the occupation of an otherwise empty site by the
substrate (pacilitaxel), and a simultaneous reconfiguration
of the originally flexible M loop. It is possible that this
apparent change in tubulin mobility contributes signifi-
cantly to the stabilization of intramolecular and intermolec-
ular contacts. In this view, lateral contacts made by the M
loop become more stable, making MT disassembly more
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difficult. Taken together, these effects may offer explana-
tions for the mechanism of action for taxoids, based primar-
ily on tubulin’s enhanced stability and loss of flexibility in
the taxoid-bound form (Wilson and Jordan, 1995).

CONCLUSION

Understanding the structural and functional importance of
macromolecular flexibility continues to be a widely studied
question. An increasing number of structural studies indi-
cates that the functions of many proteins are intrinsically
linked to their ability to change conformation in a precise
manner. Here we have presented an approach that is
grounded in mechanics, with a treatment that is both robust
and sufficiently simple to permit the examination of rela-
tively large multimeric structures and their motions.

In MTs, the marginal stability of the structure—or the
coupled flexibility of different domains, which becomes
operative only upon dimerization of tubulins—seems to be
integrally linked to its role in polymerization/depolymeriza-
tion, and MT assembly. Our results indicate that loops
involved in the recognition of each monomeric subunit are
highly flexible. Collective motions are confined to six re-
gions, composed of structurally close but discontinuous
residue positions. Boundaries between regions of collective

motions appear to act as linkages found primarily within
minimally fluctuating secondary-structure elements that ex-
hibit poor sequence conservation, but with a tendency for
hydrophobic residues at these regional boundaries. Regions
of lowest mobility coincide with both secondary structures
and lethal-mutation sites. Regions involved in the recogni-
tion of each monomeric subunit are found in highly flexible
loops. The antitumor drug pacilitaxel is found to stabilize
the M loop of the �- tubulin monomer, an effect that might
enhance lateral interactions between protofilaments. Our
analysis demonstrates that relationships between experi-
mental and computational results can provide a framework
for examination of structure–function associations for rela-
tively large protein complexes.
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FIGURE 8 Effect of pacilitaxel binding on the flexibility of the �- and �-tubulin residues in the �/�-dimer. The changes in fluctuations induced by
pacilitaxel binding are displayed, for the �-monomer (upper left curve) and �-monomer (lower left curve). A severe suppression in the mobilities of the
loops contacting the drug is observed in �-tubulin, along with an enhanced flexibility in certain regions in �-tubulin, indicated on the right-most ribbon
diagram. Regions with enhanced mobilities are colored red, and those with suppressed mobilities are colored blue. (GDP, GTP are colored green and
pacilitaxel is colored pink.)
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